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namic measurements of biomembranes by atomic force microscopy (AFM). We
focus mainly on studies involving supported lipid bilayers (SLBs), particularly formation by vesicle rupture on
flat and corrugated surfaces, nucleation and growth of domains in phase-separated systems, anesthetic–lipid
interactions, and protein/peptide interactions in multicomponent systems. We show that carefully designed
experiments along with real-time AFM imaging with superior lateral and z resolution (0.1 nm) have revealed
quantitative details of the mechanisms and factors controlling vesicle rupture, domain shape and size, phase
transformations, and some model biological interactions. The AFM tip can also be used as a mechanical
transducer and incorporated in electrochemical measurements of membrane components; therefore, we
touch on these important applications in both model and cell membranes.
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1. Introduction

The atomic force microscope (AFM), a member of the family of
scanning probe microscopes, was developed to image non-conduct-
ing samples which differ from its counterpart: the scanning tunneling
ineering and Materials Science,
30 754 6348; fax: +1 530 752

ll rights reserved.
microscope. AFM uses a microscale cantilever with a fine tip to scan
the surface of the samples and the deflection of the cantilever is
utilized to get information about the surface properties. The working
principles and imaging modes of AFM, which are out of the scope of
this review, are described in detail elsewhere [1–4]. With its
incredible resolution and three-dimensional imaging capability,
AFM has become an essential tool in investigating the structure
and function of organic thin films, including biomembranes [4–10].
Major advantages for biomembrane samples include routine imaging
in an aqueous environment, lateral resolution of several nanometers
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and height resolution of 0.1 nm, and complete image formation times
on the order of 1 min. In addition, unlike averaging techniques such
as X-ray diffraction, local structure is obtained by AFM and only
microgram quantities are required. A major limitation is that the AFM
tip is capable of acting as a “molecular broom” pushing aside or
damaging non-rigid or unsecured membrane and membrane compo-
nents [11–14]. In order to overcome this limitation, lower forces have
been employed using AFM methods such as tapping mode [15–17]
and/or the biomembrane sample has been secured, e.g. by adsorption
or suction onto a rigid support.

Supported lipid bilayers (SLBs) and monolayers were readily
adopted for high-resolution AFM imaging [18–20]. Combining AFM
data with data from other techniques, often fluorescence microscopy
[18,21,22], and other model membrane systems, such as giant
unilamellar vesicles (GUVs) [23,24], has revealed detail at multiple
length and time-scales of complex behavior such as lipid phase
separation and protein–lipid interactions. Given the potential and
wide use of SLBs in biomembrane research, it is both interesting and
necessary to understand the factors controlling their formation and
microstructure. Therefore, we will focus in Section 2 of this review on
dynamic AFM studies of vesicle rupture that have been critical to
quantitative modeling of the process and developing mechanisms.
Generally, flat substrates are utilized for SLB formation by vesicle
rupture, but we will also cover AFM studies that used corrugated or
porous substrates. Microstructure is of particular interest in SLBs
containing multiple components that phase separate as models of
compartmentalization or lipid rafts in cellmembranes. In Section 3, we
will focus on dynamic AFM studies of multicomponent vesicle rupture
and phase separation necessary for understanding the factors that
control the microstructures observed in these systems. For a detailed
protocol of forming and AFM imaging of multicomponent supported
lipid bilayers, the reader is directed to our book chapter [25].

In Section 4, we discuss “applications” of AFM in biomembranes.
Thanks to the flexibility of the apparatus, AFM is not limited to model
membranes and has been widely used to study real cells and their
membrane components. Many groups have successfully imaged cells
with AFM [26–29] in order to obtain high-resolution data thatmay not
be attainable with other techniques such as fluorescence microscopy.
We limit the discussion to the study of general anesthetics interacting
with lipid bilayers using SLBs and yeast cells and peptide/protein
interaction with lipid bilayers using multicomponent SLBs. Finally,
AFM is not limited to imaging alone and therefore we finish the article
with recent advances in electrophysiology combinedwith AFM, which
serves as a good example of new creative approaches that take
advantage of nanotechnology. The focus is on cell measurements;
however these new techniques may soon see application in model
membranes such as GUVs and SLBs as their development advances.
The AFM has been utilized for force–distance measurements to
investigate the effect of temperature [30], ion-binding and chemical
structure of phospholipids [31] on the nanomechanics of lipid bilayers
and the investigation of temperature-induced phase transitions in
bilayers [32]. This aspect of the AFM studies was comprehensively
reviewed in the work of Butt et al. [33] and in a previous review, we
focused on force measurements in biomembranes using AFM [34].

2. SLB formation studied by AFM

2.1. Vesicle rupture on flat surfaces

Formation of supported lipid bilayers (SLBs) from vesicles has been
one of the most encountered procedures in biomembrane studies
[35,36]. This process involves the preparation of unilamellar vesicles
via sonication or extrusion followed by vesicle adsorption on the
surface of the support. The adsorbed vesicles, afterwards, can either
fuse together to form larger vesicles, and then rupture or they can
directly rupture and form SLBs on the surface. Once the vesicles are
adsorbed to the surface, AFM becomes a suitable experimental
technique to investigate the process in situ and in real time since
the vesicles and bilayer patches can easily be distinguished from each
other by the tip at a nanometer scale.

Reviakine and Brisson [37] used this approach to study the early
stages of SLB formation on mica and compared their results with
previous theoretical work. Vesicle solutions of egg-phosphatidylcho-
line (PC) or 1,2-Dioleoyl-sn-Glycero-3-phosphocholine (DOPC) with
different lipid concentrations and various vesicle sizes were prepared
by sonication (R~12 nm) or by extrusion (R~15, 25, 50 and 100 nm).
After the vesicle solutions were deposited on freshly cleaved mica
substrates, the surfaces were scanned with AFM in contact mode.
Reviakine and Brisson observed that the SLB formation mechanism is
highly dependent on vesicle size, lipid concentration and the presence
of Ca2+ ions in the medium. The critical radius of adsorption (Ra) and
rupture radius (Rr), which were previously studied theoretically [38],
were experimentally determined to be ~12 nm and ~75 nm,
respectively, in the absence of calcium. The sonicated vesicles
(RabRbRr) fused together and ruptured after their size exceeded Rr
whereas the extruded vesicles with Rb75 nm remained stable and
with RN75 nm ruptured to form SLBs. The Ca2+ ions were observed to
enhance vesicle rupture.

Leonenko et al. [15], on the other hand, focused more on the later
stages of SLB formation by using tapping-mode AFM. They could
observe three consecutive stages in SLB formation regardless of the
substrate modification and presence of protein in the vesicles:
localized disk-like features which are footprints of the vesicles,
partial continuous coverage and complete SLB formation. Leonenko
et al. observed that the rupture of sonicated DOPC vesicles occurred
before the disk formation as observed in the study mentioned above,
and extended SLB formation is due to the fact that the surface fills in
as more vesicles are adsorbed rather than the disk migration.
Although the incorporation of protein into the vesicles and changing
the surface charge of mica from negative to positive did not change
the mechanism observed, the rate of the SLB formation changed
considerably. Jass et al. [17] worked on SLB formation on hydrophilic
and hydrophobic surfaces by AFM in tapping mode (Fig. 1). The
liposomes were prepared by a detergent depletion technique which
results in unilamellar vesicles with diameters of 200–400 nm. They
could image the vesicles spreading and flattening from the outer
edges toward the center until the two bilayers stacked on top of each
other. Then, the top bilayer either rolled or slid over the bottom layer
and the edges joined together to form bigger patches. They could
observe the same mechanism on hydrophobic surfaces with more
distorted attached vesicles and uneven membrane edges. The
positive effect of Ca2+ in increasing the rate of the process was
observed.

Richter et al. [39] and Richter and Brisson [40,41] worked on the
possible pathways of vesicle deposition on solid surfaces by using
both quartz crystal microbalance with dissipation (QCM-D) monitor-
ing and AFM in which the former method is used for global
characterization of the process with high time resolution and the
latter for local organization with high spatial resolution. The vesicles
were prepared by tip sonication. In this study, four different
pathways which were highly dependent on the electrostatic interac-
tions could be distinguished: (i) Positively charged vesicles ruptured
individually on negatively charged supports even at low coverage, (ii)
At high critical coverage, vesicles with low positive, neutral or
negative charge decomposed into SLBs, (iii) At low coverage, vesicles
with low positive, neutral or negative charge adsorbed but were not
sufficiently deformed to auto-decompose, forming a stable vesicular
layer (SVL), (iv) The adsorption was inhibited for the highest negative
charge vesicles.

Egawa and Furusawa [42] studied SLB formation from PC and
phosphatidylethanolamine (PE) vesicles. Electrokinetic potential of
both vesicles and the mica substrate were measured and it was



Fig. 1. Sequential series of AFM images presented in amplitude mode demonstrating vesicle rupture and supported lipid formation on silica. t=0 min, (a) attached liposomes, (p)
partially flattened liposomes, (m) lipid bilayers, (s) bare silica surface, (x) a liposome that does not change throughout imaging and appears to be trapped beneath the membrane,
t=8 min 25 s, t=13 min 8 s. All image sizes are 1.67×1.67 µm. Adapted from [17] with permission of the authors.
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observed that even amphoteric PC vesicles have negative charges on
their surfaces either due to acidic impurities and/or the hydration
layers formed around the surface. In order to examine the effects of
the electrostatic repulsion forces, they worked with different
concentrations of MgCl2 aqueous solution in which the ζ-potential
of the vesicles can be changed from negative values to nearly zero
(10−5 to 10−2 M). By using AFM, they could observe that bilayer
coverage increases as the electrostatic repulsion forces between
vesicles and mica decreases for both types of lipids. Interestingly,
with PE vesicles, different from PC vesicles, there occurred double
bilayer formation which could be swept away by the AFM tip
scanning the surface repeatedly with high force and speed. This
difference was attributed to the different hydration degrees of the
membrane surfaces.

Tokumasu et al. [43] used AFM to study 1,2-Dimyristoyl-
sn-Glycero-3-phosphocholine (DMPC) vesicle adsorption on mica at
room temperature. The lipid structures in 50 mM NaCl solution were
classified into three distinct groups depending on their half-width at
half-maximum (HWHM) and height. By relating the obtained AFM
data to the osmotic pressure relations, the lower limit of membrane
elastic tensile strength for rupture was estimated to be ~4 dyn/cm.
This study demonstrated the use of AFM data in determining the
viscoelastic properties of membranous vesicles. Moreover, after the
SLB formation, the temperature-induced melting transitions of pure
DMPC SLBs were studied by raising the temperature from 18.5 °C to
32 °C during the AFM scans. The defects in themembrane decreased in
size as the SLB goes from the gel phase to the liquid crystalline phase
upon the temperature increase, which corresponds to an increase in
the area per head group. The gel and liquid-phase thicknesses were
found as ~4.2 and ~3.6 nm, respectively. The phase transition was
observed to be broad over ~10 °C where gel and liquid crystalline
phases coexist. Indeed, the effect of temperature in earlier stages of
SLB formation was also studied using QCM-D method by Reimhult
et al. [44]. Apart from the influence of surface chemistry, vesicle size
and osmotic pressure on SLB formation, they have observed that
vesicle rupture can take place at lower coverage of intact vesicles by
the increase in temperature. Afterwards, Seantier et al. [45] demon-
strated the formation of DMPC SLBs at the phase transition
temperature in bulk by AFM and QCM-D, although it is often assumed
that it is necessary to work over the phase transition temperatures of
the lipids to form SLBs by vesicle rupture.

Other than the use of small unilamellar vesicles, Kim et al. [46]
studied SLB formation from giant vesicles by AFM. When negatively
charged GUVs were incubated on silica surfaces, a low surface
coverage and no SLB formation were observed. The addition of Ca2+

ions to the medium induced SLB formation. On the other hand, when
the silica surface was modified such that it had a positive charge, a
high surface coverage was obtained resulting in SLB formation
without the addition of Ca2+. The vesicle rupture process revealed
by the AFM studies and the important factors affecting the process are
summarized in Fig. 2.

2.2. Vesicle rupture on corrugated surfaces

Supported lipid bilayers have been successfully utilized as model
cell membranes for numerous studies in the literature. However, in
such a system, one of the leaflets of the SLB is not accessible for
modifications. Moreover, the water layer between the membrane and
the support does not provide enough space for the transmembrane
proteins to be inserted leading to protein immobility. In an attempt to
overcome these concerns and to study the effect of curvature on
membrane properties, corrugated surfaces have been used.

AFM was utilized as a complementary method to fluorescence
methods for characterization in some of these studies. For instance,
Seu et al. [47] worked on the effect of surface treatment on SLB
properties. DOPC/1,2-Dipalmitoyl-sn-Glycero-3-phosphocholine
(DPPC) vesicles were prepared by the extrusion method and
deposited on glass surfaces which were modified in terms of surface
roughness and hydrophilicity by etching and baking. The surfaces
were characterized in terms of roughness by AFM and they observed
that changing the surface roughness from 0.13 to 0.26 nm did not
result in a significant difference in the lateral diffusion coefficient of
the lipids as compared to the hydrophilicity of the surface (the effect
of hydrophilicity of the support was also previously studied by Tero
et al. [48]). Apart from using AFM for support characterization, it was
also used for studying SLBs on porous substrates. Steltenkamp et al.
[49] used N,N,-dimethyl-N,N,-dioctadecylammonium bromide
(DODAB) or 1,2-dioleoyl-3-trimethylammonium-propane chloride
(DOTAP) fused vesicles prepared by extrusion to investigate the
mechanical properties of the lipid bilayer suspended on pores
through the analysis of force-indentation curves by solving the
corresponding shape equations of continuum curvature elasticity.
The substrates used were porous alumina with average pore radii of
either 33±2 nm (obtained by employing oxalic acid) or 90±10 nm
(obtained by anodizing aluminum in phosphoric acid). They proposed
this technique as an alternative to micropipette aspiration experi-
ments. They reported their results on the elastic properties of the
lipid bilayer as a function of system geometry (tip radius and pore
size) and material parameters (lateral tension and bending modulus).
Gonçalves et al. [50] used a similar approach and prepared
membranes spanned over nanowells leading to two aqueous
chambers on each side of the membranes. They scanned the non-
supported surface layers of Corynebacterium glutamicum and mea-
sured the elastic properties and membrane-rupture forces by using
the AFM tip.

Recently, Roiter et al. [51] studied the interaction of nanoparticles
with lipid membranes. In order to investigate this interaction, DMPC
SLBswere formed by depositing DMPC vesicles prepared by sonication



Fig. 2. Schematic representation of two proposed mechanisms for bilayer formation by vesicle rupture. (A) Vesicles are adsorbed on the surface, fuse together and rupture to form
bilayers (B) Vesicles are adsorbed on the surface and rupture to form bilayers. The bilayer formation process is dependent on electrostatic interactions between the vesicles and
support [39–42,46], vesicle size [37], osmotic stress [43], presence of Ca2+ ions [17,37,46] and temperature [44].
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onto silica nanoparticles of various sizes. By using AFM, they observed
that the bilayer covers the surface of the nanoparticles having
diameters larger than 22 nm or smaller than 1.2 nm. However, for
particles with sizes of 1.2–22 nm, the bilayer formed pores centered at
the particle center because of the curvature effect. These findings may
be useful in understanding nanoparticle cytotoxicity and preparation
of biomolecular templates.

Weng et al. [52,53] used QCM-D and Fluorescence Recovery After
Photobleaching (FRAP) techniques to characterize the formation of
SLBs from egg-PC vesicles prepared by extrusion on nanoporous
xerogel and aerogel surfaces synthesized via sol-gel process. The
surface structures of the substrates were characterized by SEM. They
observed that the lateral diffusion coefficient of the lipids decreased as
the porosity of the substrate increased. This result was attributed to
the fact that the bilayer might follow the surface roughness. Goksu et
al. [54] recently followed up on these results, applying AFM to
characterize the surface contours of phase-separated SLBs on silica
xerogels vs. mica SLBs which are smooth. They observed that both the
fluid phase and gel phase lipids follow the xerogel surface contours by
both contact and tapping-mode AFM. Using fluorescence techniques,
they verified this by showing that the fluid phase lipid bilayer
penetrates into the pores rather than being smoothly suspended on
the xerogel. The bilayer following the surface roughness accounts for
Fig. 3. Schematic representation of bilayers on corrugated surfaces. Continuous bilayer forma
[50], this systemwas also used for studying the mechanical properties of the bilayer by AFM
not be resolved by AFM [51].
most of the reduction in the diffusion coefficient studied by FRAP and
Fluorescence Correlation Spectroscopy (FCS).

The bilayer formation on corrugated surfaces is illustrated in Fig. 3.
There are other studies in the literature on the vesicle rupture on
functionalized surfaces such as tethered lipid bilayers. This aspect of
the AFM studies is outside the scope of this review paper, however, the
interested readers can read these references [55–59].

3. Multicomponent and phase-separated SLB formation studied
by AFM

3.1. Vesicle rupture on flat substrates

The phase behavior of complex lipid mixtures has been
extensively studied in the last 30 years. The phase diagrams for
binary and ternary phospholipid mixtures have been determined
using both theoretical [60–62] and experimental approaches, such as
differential scanning calorimetry [63,64], fluorescence spectroscopy
[65], NMR [66,67], X-ray diffraction [68], and electron spin resonance
[69]. When lipids undergo a phase transition from a disordered to
ordered state, whether it is the liquid-disordered (Ld)–solid (So) or
the Ld–liquid-ordered phase (Lo) (when cholesterol is present)
transition, the lipids will pack and extend resulting in an increase
tion is dependent on the size of the surface features. (A) Bilayer suspended on nanowells
[49]. (B) Bilayer formation on nanobeads, the encircled area is speculative since it could



Fig. 4. AFM images presented in height mode of a mixed symmetry DLPC/DSPC
supported lipid bilayer converting to a symmetric bilayer at t=0 min and t=2.33 h.
Section analysis (dotted lines) demonstrate that two heights (~1.1 nm and ~1.8 nm)
extend above the surrounding DLPC-rich region for the left image corresponding to
asymmetric and symmetrically distributed DSPC. In the right image the 1.1 nm height
no longer appears and instead ~2.2 nm heights appear over part of the same region,
interpreted as conversion to symmetric (i.e. DSPC in registry) with a different packing in
the newly created regions.
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in the bilayer thickness. Therefore, in phase-separated bilayers the
more ordered phase will extend above the more disordered phase by
approximately 0.5–2 nm. Two model membrane systems that have
been extensively used to study lipid phase separation are giant
unilamellar vesicles (GUVs) [23,70–72] and SLBs [73–81]. As
described in the previous section, SLBs can be formed by depositing
a suspension of small unilamellar vesicles (SUVs) containing the
phase-separated lipid composition of interest onto an appropriate
substrate where these SUVs will rupture and form a uniform two-
dimensional bilayer with a ~1 nm water layer separating the bilayer
from the substrate. Therefore, the two-dimensional properties of
SLBs in combination with the increased thickness of the more
ordered lipid phase allows for high-resolution imaging of phase-
separated lipid domains by atomic force microscopy. In fact many
studies have been conducted in which phase-separated domains in
SLB have been imaged by AFM [71,76,79,80,82–89].

Seantier et al. [45] studied the formation of DMPC/DPPC SLBs close
to the transition temperature by AFM and QCM-D. Vesicles with
DMPC/DPPC ratios of 70/30 and 50/50 with transition temperatures of
29 °C and 33 °C, respectively, were prepared by tip sonication resulting
in a diameter of approximately 50 nm. For thesemixtures, the ambient
temperature (24 °C) at which the AFM experiments were conducted
falls between the pre-transition and main transition temperatures of
the lipid mixture in bulk phase. AFM scans revealed that, for the 70/30
mixture, complete surface coverage was observed and the rate of SLB
formation was faster compared to the 50/50 mixture for which a
second injection of vesicles was needed. QCM-D experiments showed
that the behaviors of both mixtures were indistinguishable at 37 °C in
contrast to the experiments carried out at 24 °C. The results
demonstrated that in situ kinetics of the SLB formation is highly
dependent on the difference between the experimental temperature
and transition temperature of the lipid mixture.

AFM has been used to characterize and study lipid bilayer
symmetry in multicomponent SLB systems. In a 1,2-Dilauroyl-
sn-Glycero-3-phosphocholine (DLPC (Tm=−1 °C))/1,2-Distearoyl-
sn-Glycero-3-Phosphocholine (DSPC (Tm=55 °C)) system, it was
found that cycling the temperature of the SUVs above and below the
Tm of DSPC before deposition onto a mica substrate at room
temperature resulted in the formation of DSPC domains of heights
extending 1.8 nm above the surrounding fluid phase [21]. It was
hypothesized that temperature cycling of the SUVs promoted
interleaflet mixing and that the symmetric DLPC/DSPC distribution
in the SUV leaflets was maintained during and after vesicle rupture.
When the DLPC/DSPC SUV temperaturewas held at room temperature
prior to vesicle rupture, DSPC domain heights extended 1.1 nm above
the surrounding fluid phase, indicating DSPC domains in one leaflet,
asymmetric lipid distribution. An intermediate situation, mixed
symmetry (domains with portions extending both 1.8 nm and
1.1 nm), was attained by only heating the SUVs but not cycling the
temperature. The mixed symmetry lipid bilayer converted over a
period of hours to either an asymmetric lipid bilayer (1.1 nm) or a
symmetric bilayer (1.8 nm). Fig. 4 shows conversion from a mixed
symmetry to a symmetric bilayer. Interestingly, the thickness is
slightly more by about 0.4 nm on average where this new symmetric
domain exists compared to the neighboring symmetric domain
suggesting a difference in packing or DLPC content in the DSPC
region. AFMwas used to study the dynamics of the conversion. Kinetic
analysis of the AFM data revealed that lipid flip-flop at the interface
between symmetric and asymmetric domain regions was controlling
the rate of conversion. Using AFM imaging, the same trend with
respect to domain height, thermal history, and lipid flip-flop was
observed when combining the observations of Choucair et al. and
Giocondi et al. [90,91]. These studies show that although domains are
generally “pinned” in SLBs, dynamic lipid/protein exchange and
adsorption processes still readily occur as we shall see below in
Sections 3.2 and 4.
3.2. Domain nucleation and growth in multicomponent phase-separated
SLBs

Since capturing both domain nucleation and slight microstructure
shape changes during domain growth requires high-resolution
imaging techniques, AFM is optimally suited for these measurements
in SLBs. Giocondi et al. [91] conducted some of the earliest
measurements of real-time domain growth/rearrangement for So/Ld
phase-separated SLBs consisting of DOPC (Ld phase lipid) and DPPC (So
phase lipid). In this study, the SLB was rapidly quenched from 60 to
23 °C and the time-dependent evolution of domain size and shapewas
imaged by AFM 19 min after the temperature quench. From this
analysis, DPPC-rich domains were shown to grow by Ostwald ripening
according to a power law for up to 45min, after which the growth rate
was significantly reduced.

Recently in a study by Blanchette et al. [82], steady state domain
nucleation rates as a function of temperature for two different binary
lipid systems, DOPC:Galactosylceramide (GalCer) and DOPC:DSPC,
were determined by high-resolution AFM imaging. These two phase-
separated binary mixtures differed in that DSPC domains were
prepared such that each leaflet was in complete registry [73] (referred
to as symmetric domains) and GalCer domains existed in only the
leaflet distal to the substrate [80] (referred to as asymmetric domains).
By applying classical theory of nucleation to the relatively slower DSPC
and relatively faster GalCer domain nucleation rates, line tension, γ,
was determined. From this analysis, γ for symmetric DSPC domains
and asymmetric GalCer domains was calculated to be 3.1±0.3 pN and
1.7±0.25 pN, respectively. Interestingly, these values were in agree-
ment, within the same order of magnitude, with theoretical analysis
[92], and in close agreement to recent experimental measurements
employing shape analysis of lipid domains of GUVs held in micropip-
ettes [23]. In addition, the relativemagnitude corresponded accurately
with the different hydrophobic mismatches between these symmetric
and asymmetric domains, 1.8 nm and 0.9 nm respectively. More
recently, by the same AFMmethod, Blanchette et al. [83] examined the
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effect of chol on γ in three ternary lipid mixtures consisting of 1-
Palmitoyl-2-Oleoyl-sn-Glycero-3-phosphocholine (POPC), DLPC or
DOPC, GalCer and chol. Those results implied that γ in ordered lipid
domains in ternary systems is regulated by chol concentration and the
degree of regulation largely depends on the fluid phase composition
which controls the partitioning. The domain nucleationwork, and the
recent work of Schwille's group [93] that monitored domain size as an
indication of nucleation rate, roughly tested the relationship between
γ and domain height mismatch (measured by AFM) in addition to
mechanical properties developed by Chizmadzhev et al. [94]. In the
first case, the quadratic relationship between domain height and γ
predicted by Chizmadzhev was observed and in the second case a
linear relationship was observed.

Subsequent studies focused on understanding the effect of domain
symmetry on the second stage in the formation of lipid domains: the
kinetics of lipid domain growth [84]. Using the same binary lipid
systems described above (DOPC:GalCer and DOPC:DSPC), the fraction
(χgel) of GalCer or DSPC that had solidified from the fluid phase as a
function of time was determined through AFM imaging during
domain growth [84] (Fig. 5). Kinetics of domain growth were
quantified using a reaction-diffusion model of form χgel=1−exp
−(ktn). Interestingly, the calculated values for the kinetic exponent, n,
show that the mechanism of domain growth depends on lipid
composition and temperature, where symmetric DSPC domain
growth at 1 °C and 3 °C below the liquidus temperature was
reaction-limited (n~2), asymmetric GalCer domain growth at 5 °C
below the liquidus temperature was diffusion-limited (n~1), and
growth for the remaining conditions were controlled by both diffusion
and reaction (n: 1.3–1.5). In agreement with the kinetic analysis, when
domain growth was reaction limited (i.e. limited by lipid attachment),
domains tended to grow as relatively compact round microstructures
(see Fig. 5A). Fractal domainmicrostructures (high shape factors) grew
in the diffusion-limited process. When these two processes (reaction
vs. diffusion) were competing (i.e. rates of each step are similar) the
observedmorphologies were in between these two extreme cases (see
Fig. 5. Sequential series of AFM images presented in deflection mode demonstrating DSPC do
60 min in a DOPC/DSPC supported lipid bilayer, note the rounded growth. (B) held at 4 °C bel
the more leafy growth. Scale bar 5 μm.
Fig. 5B). As noticed first by Giocondi et al. [91] symmetric domain
growth is slow because growth only occurs where lipids in both
leaflets arrive at the same time to the growing domain.

The combined results of the studies outlined in this section have
revealed insight into understanding the parameters that control
phase-separated lipid domain formation in SLBs. The results from this
study suggest that domain nucleation rate and growthmechanism are
tightly correlated with lipid composition, domain symmetry, and
temperature. The methods outlined in these studies can be readily
applied to study a wider range of lipid compositions offering the
potential to further understand these parameters across a greater
range lipid phases.

4. Applications of AFM in biomembranes

4.1. Lipid–anesthetic interactions and interdigitation studied using SLBs
and Yeasts

Although the mechanism of action of general anesthetics is not
completely understood, there have been significant advances since
Meyer and Overton [95–97] first described the correlation between
lipid solubility and anesthetic potency. Volatile anesthetics may exert
their effects by targeting specific membrane proteins such as ligand-
gated ion channels [98–100]. Cantor [101–103] has also hypothesized
that anesthetics may indirectly interact with these proteins through
changes in the physical properties of the lipid membrane. Many small
molecules, including short-chain alcohols like ethanol, can act as
anesthetics at correct doses. Alcohols are known to cause changes in
the phase transitions of PCs [104–106] as well as inducing the
formation of an interdigitated phase of reduced thickness (Fig. 6)
[107]. In this interdigitated phase, the hydrophobic tails of the top and
bottom lipids intercalate causing an increase in the area per lipid as
well as the solvent exposed surface of the headgroups (see [108] for
more on lipid interdigitation). The effectiveness of these alcohols at
perturbing model membranes has been experimentally shown to
main growth upon quenching to (A) held at 1 °C below liquidus temperature at t=1, 16,
ow liquidus temperature at t=1, 10, 30 min in a DOPC/DSPC supported lipid bilayer, note



Fig. 6.Mac-mode AFM topography (A) and phase (B) images of a DPPC bilayer with halothane incorporated. Changes in the phase image represent changes in the viscoelasticity of the
bilayer. Interdigitated domains differ in height and fluidity with respect to the gel phase. Adapted from [117] with permission of the authors.
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depend on the hydrocarbon chain-length [109], which has also been
confirmed by molecular dynamics simulations [110,111].

Mou et al. [112] conducted the first AFM study of alcohol-induced
lipid interdigitation in 1994. In this study SLBs composed of DPPC and
DSPC were exposed to ethanol and 2-propanol. In the presence of
ethanol at room temperature (DPPC Tm=41 °C, DSPC Tm=55 °C), Mou
et al. saw no changes in the SLB features, and only a high ethanol
concentration (~200 mg/mL=19.6% v/v) and long incubation period
induced the slow formation of domains. However, after heating the
DPPC or DSPC bilayers above their respective Tm and cooling down to
room temperature, domain formation was clearly seen. These
interdigitated domains remained stable even after removal of the
ethanol solution, and only heating above the Tm restored the normal
bilayer structure. A later report by McClain and Breen [113] showed
that the transition from anesthetic-induced interdigitation to gel
phase can be accelerated by interaction with the AFM probe.
Unilamellar DPPC SLBs were incubated (heated above Tm and cooled
down) with 2-propanol and imaged using cantilevers with high spring
constants (an order of magnitude higher than what is normally used
for these type of samples). The high imaging force supplied by the
stiffer cantilever was able to reproducibly restore the bilayer to its
native structure. Using this effect, McClain and Breen obtained a lipid
area per headgroup of interdigitated DPPC of 90±10 Å2 compared to
the anesthetic-free area of 52 Å2 reported elsewhere.

More recently, David Cramb's group at the University of Calgary in
Canada has carried out extensive work on the interaction of the
anesthetic halothane with DPPC and DOPC lipids [114–117]. The initial
work by Leonenko and Cramb [114] showed that the effects of
halothane at room temperature are very similar to those produced by
ethanol; high concentrations of halothane induce formation of
domains of similar thickness as ethanol-induced interdigitated
DOPC and DPPC bilayers. However, the interaction of the lipids with
the two anesthetics is different. Increasing the temperature of an
ethanol-induced interdigitated DPPC SLB drives the ethanol out of the
SLB and restores the SLB thickness above Tm. On the other hand,
increasing the temperature in the halothane treated DPPC SLB
extends the domain formation and increases the halothane partition-
ing within the SLB. The authors suggested that ethanol and halothane
incorporation may have a common mechanism and is likely to be a
cooperative process. A companion report by Carnini et al. [115]
utilized fluorescence spectroscopy and differential scanning calori-
metry of DOPC and DPPC unilamellar and multilamellar vesicles to
complement the AFM results. By exploring changes in the intensity as
well as wavelength shifts caused by changes in the local environment
of the fluorescent lipids, Carnini et al. characterized the phase
transition changes induced by halothane. Their results show that
halothane increases the lipid bilayer disorder as seen by the
significantly reduced DPPC melting temperature as well as the
broadened transition, and they also indicate that the anesthetic
partitions on the acyl chain side near the headgroup region. In a later
work, Shamrakov and Cramb [116] used AFM to show that halothane
induces curvature in a liquid-phase DOPC SLB. This increase in the
curvature of the SLBs leads to the formation of lipid aggregates on top
of the SLBs and also prevents the rupture of vesicles onto mica
supports. Although the interdigitated domain formation of DPPC SLBs
appears to be very similar to a gel–liquid-phase transition, the
interdigitated phase has different physical properties as reported by
Leonenko et al. [117]. AFM phase images of halothane treated DPPC
SLBs (Fig. 6) illustrate that whereas the interdigitated domains have a
reduced thickness similar to the liquid-phase DPPC, the structure and
fluidity of these interdigitated domains may be different from the
liquid phase. Observed adhesion forces indicate that the presence of
halothane increases the fluidity of interdigitated DPPC domains, yet
the values are significantly different from DPPC in the liquid phase. In
addition to this, the repulsive force results suggest that halothane
reduces the electrostatic shielding fromwater molecules and changes
the surface charge density of the SLB.

A single mechanism by which all anesthetic compounds produce
their effects may not be possible as some of these molecules can
greatly vary in size and chemical groups. However, as seen in the case
of ethanol and halothane, both molecules cause similar effects on
model membranes, mainly the induction of an interdigitated phase of
reduced thickness. This physical change in a cell membrane may have
adverse effects on membrane-embedded proteins. As the thickness of
the bilayer decreases, the hydrophobic core residues of membrane
proteins may no longer be matched by the hydrophobic tails, which in
turn can cause changes in the structure and activity of these proteins.
So far, AFM has only been used to study the effects of anesthetics on
model membranes containing one or two types of lipids. In the future,
we may see similar studies with more complex mixtures that include
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other lipids such as cholesterol and the inclusion of membrane
proteins such as ion channels.

The effects of alcohols on membranes are not only relevant to
general anesthetic mechanisms, but they are also important in the
fermentation and biofuel industry. Ethanol toxicity is a major
environmental stress on yeasts used in fermentation processes, and
can decrease cell growth rates and viability [118]. Canetta et al. [119]
used AFM to directly observe changes in surface morphology of yeast
cells caused by ethanol. Two yeast strains which have different
ethanol stress tolerance were analyzed: Saccharomyces cerevisiae and
Schizosaccharomyces pombe. Canetta et al. measured cell volumes
and roughness after exposure to ethanol at various concentrations and
different exposure times. The tapping-mode AFM images show that
ethanol causes the cells to shrink and makes the cell surfaces rougher.
Surface roughness of both yeast strains more than doubled for the
highest ethanol treatment (30% v/v, 60 min), and cell volume
decreased by 35% for S. cerevisiae and by 50% for S. pombe compared
to unstressed cells. The viability of these cells was 0% for this
treatment. Their results confirmed previous findings which observed
that S. cerevisiae has a higher ethanol tolerance than S. pombe, and
indicate that stronger stresses increase alterations in the cell
membrane integrity.

4.2. Peptide and protein-bilayer interactions in multicomponent SLBs

Another application of AFM arises due to the significance of
interactions of small peptides and proteins with lipid membranes
which play a role in signal transduction, toxicity, pore formation and
some diseases such as Alzheimer's and Parkinson's diseases. AFM has
been utilized as a convenient tool in the literature to enlighten the
details of these interactions and help to understand the underlying
mechanisms by either tracing the modifications in the SLB upon the
addition of peptides or proteins or by measuring the interactions
directly utilizing force–distance curves. The studies on peptide–lipid
as well as protein–lipid interactions in multicomponent SLBs studied
by AFM are summarized below and some of them are represented
schematically in Fig. 7.

Kirat et al. [120] studied the effects of negatively curved lipids on
the interaction of simian immunodeficiency virus (SIV) fusion peptide
with model membranes. DOPC/DPPC/1,2-Dioleoyl-sn-Glycero-3-
Fig. 7. Schematic representation of peptide/protein–lipid interactions studied by AFM. (A)
anchored BIAP proteins were observed to insert into the ordered domains [127,128]. (C) Lat
phosphatidic acid (DOPA, a negatively curved lipid) SLBs were
incubated with SIV peptide and imaged by AFM in real time. They
have observed that, after a short incubation time, the thickness of the
DPPC domains decreased. However, at the end of a long incubation
time, the DPPC domains converted to elevated domains which were
composed of nanorod structures. These features were attributed to
cylindrical reverse micelles. The presence of only negatively curved
lipids was not sufficient to form reverse micelles, whereas the
presence of the peptides induced the process. Andre et al. [121] also
studied the interaction of hydrophobic SIV peptide with phase-
separated SLBs. The peptides were attached to AFM tips and the
force–distance curves were recorded upon the approach and
retraction of the tip to the SLBs. In contradiction to hydrophobicity
and biological functions of the peptides, a long-range repulsion upon
approach and a lack of adhesion upon retraction were observed
suggesting that the tip was coated with a lipid film following the first
contact with SLBs. Carneiro et al. [122] worked on the interaction of
vesicular stomatitis virus (VSV) with various SLB lipids at different
compositions and pH values by operating the AFM in the force
spectroscopy mode. They found that the binding forces are highly
dependent on the phospholipid composition. The peptide–SLB
interaction at pH 7.5 was specific to PS and dependent on the
presence of histidine residues in the fusion peptide. Choucair et al.
[90] studied the interaction of β-amyloid (Aβ) peptides with phase-
separated DOPC/DPPC SLBs by AFM and total internal reflection
fluorescence microscopy (TIRF). By AFM, it was observed that the
addition of the peptides resulted in the preferential formation of
aggregates on symmetric gel phase DPPC domains. However, when
the peptides were added to the vesicles prior to the formation of SLB,
Aβ was randomly distributed in both fluid and gel phases. These
results may be related with the possible role of lipid rafts in the
enhancement of Aβ aggregation and in modulating the Aβ activity in
vivo. García-Sáez et al. [123] worked on the interaction of Bax
(a critical regulator of cell death that increases the outer membrane
permeability in mitochondria) with phase-separated DOPC/SM/
Cholesterol SLBs by confocal microscopy and AFM. It was observed
that the force needed to form a hole in the SLB decreased in the
presence of Bax-α5. Moreover, the peptide changed the line tension
between the phases and the liquid-ordered domains lost their
circular shape and expanded in size. This change in line tension
Peptide was attached to the tip to measure lipid–peptide interactions [121]. (B) GPI-
eral diffusion coefficients of proteins were measured by AFM [130,131].
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was thought to be a general strategy of pore forming peptides since it
affects the pore formation and stabilizes the open state.

As for the protein–lipid interactions, You et al. [124,125] investi-
gated the interactions between the Saposin C (Sap C, a small
glycoprotein playing an essential role in the enzymatic activity of
glucosylceramidase) and DSPC/1-Palmitoyl,2-oleoyl-sn-Glycero-
3-phosphoserine (POPS) SLBs. It was observed that the SLB underwent
restructuring upon the addition of Sap C such that there occurred
patch-like new features emerging at the edge of SLB and extending
with time. Moreover, image contrast changes indicated formation of a
new phase of protein–lipid structure. Incorporation of raft-enriched
lipids, i.e. cholesterol and sphingomyelin, into the SLB affected the
modulation and control of Sap C-bilayer interactions and nanometer-
sized domains were formed. Murray et al. [126] studied the binding of
synapsin to phase-separated SLBs. SLBs with 1,2-Dipalmitoyl-
sn-Glycero-3-phosphoethanolamine (DPPE) as the lower leaflet and
DLPC/1,2-Dipalmitoyl-sn-Glycero-3-phosphoserine (DPPS) or DPPC/
DPPS as the outer leaflet were prepared. By AFM, they showed that
synapsin interacted with negatively charged DPPS-rich domains by
electrostatic binding and PC phase by nonspecific binding. Moreover,
it was observed that the PS rich domains containedwithin a DPPC SLB,
which could not be differentiated in the topography images, were
clearly observable when synapsin-coated tips were used instead.

Giocondi et al. [127] studied the effect of fluid/gel lipid composi-
tion on the interaction of glycosylphosphatidyl-inositol (GPI)-
anchored proteins with membrane domains. GPI-anchored intestinal
alkaline phosphatase (BIAP) spontaneously inserted into gel phase
domains in DOPC/DPPC, DOPC/sphingomyelin (SM), POPC/SM lipid
SLBs. However, changes in the lipid composition of the SLBs altered
the topography drastically in the protein containing SLBs. BIAP
insertion into the domains was associated with the transfer of lipids
from the fluid to gel (DOPC/DPPC) or gel to fluid (POPC/SM) phases. In
DOPC/SM SLBs, the transfer was dependent on the homogeneity of the
domains. Their results strongly suggest that the insertion of BIAP
depends on the membrane structure in terms of hydrophobic length
and lipid order parameter. In another study by the same group [128], it
was shown that BIAPwas preferentially localized in the highly ordered
SM/Chol enriched domains in POPC/SM/Chol bilayers. In order to
determine if this behavior is related with the lipid ordering, the
temperature was increased above 30 °C modifying the lipid ordering
and it was observed that BIAP redistributed and was present in both
fluid POPC and SM/Chol domains. The authors pointed out the fact
that not detecting significant amounts of BIAP in the fluid phase at low
temperatures did not mean therewas no BIAP in fluid phase basing on
a previous study by Chianta et al. [129]; there can be few molecules
diffusing with a rate exceeding the scanning rate of AFM (therefore,
two-focus FCS was coupled to AFM results to observe the fast
dynamics of the proteins). On the contrary, Müller et al. [130] have
previously used AFM as a technique to visualize the dynamics of the
single-sodium driven rotors from a bacterial ATP synthase embedded
into a lipid membrane in subnanometer resolution. They scanned
considerably small areas of lipid bilayer (smaller than 0.1 µm2) with
90 s time intervals. They could distinguish both free and obstacle
diffusion of the proteins and observed that the diffusion constants of
these two modes were considerably different; 2.04×10−5 µm2/s and
0.32×10−5 µm2/s, respectively. Hughes et al. [131] used a similar
approach to work on the dynamics of mobile influenza A M2
molecules in DPPC bilayers supported by mica. The lateral diffusion
coefficient of the M2 was found to be 4.4±1.0×10−14 cm2/s by using
the mean-square displacement data.

AFM has also been used as a convenient tool in high-resolution
imaging of proteins and revealed significant information about
protein structures [132–134]. Hussain et al. [135] used this approach
to image the fibrinogen protein and Arg-Gly-Asp (RGD) peptide
ligands binding to platelet integrin αIIbβ3 receptors reconstituted
into planar bilayers. Since the peptide ligands were too small, they
were labeled with gold particles. The fibrinogen–integrin binding
could be easily observed with fibrinogen having a characteristic
trinodular structure and occasionally bridging the receptors. The
interactions with peptides, on the other hand, were not observable in
the height images, but the phase images which took the advantage of
the mechanical properties detected the nanogold labels and showed
the binding of peptides to the receptors. Milhiet et al. [136] described a
new method of incorporating a high density of transmembrane
proteins into bilayers which were destabilized by two different
detergents at 20 °C and 4 °C. The AFM height measurements revealed
that proteins were unidirectionally incorporated in the bilayer
through their more hydrophobic domains. The high density of
proteins led to the high-resolution AFM images of the protein
subunits. This study demonstrated an alternative protocol for two-
dimensional crystallization of proteins for AFM analysis.

4.3. Membrane electrophysiology combined with AFM

Supported lipid bilayers provide an excellent system for the study
of membranes using AFM. Because the composition of the membranes
can be controlled, a ‘bottom-up’ approach can be used to progressively
study systems of higher complexity and which resemble real
biological membranes. Studies of these model membranes provide
understanding of fundamental aspects of very complex systems such
as real cells. New creative approaches accompanied by advances in
nanotechnology allow the use of techniques such as AFM to study live
cells and their components in real time. Thanks to its versatility, AFM
can be combined with other biophysical methods including voltage or
patch-clamping. Voltage-clamping allows the electrochemical char-
acterization of membranes and their embedded protein components
by recording transmembrane currents.

Although voltage-clamping is highly sensitive to electrical changes
across themembrane, it does not provide direct structural information
on the surface of the clampedmembrane. In an effort to overcome this
limitation, various groups have successfully combined membrane
patch-clamping [137,138] as well as voltage-clamping of live cells
[139–141] with AFM. In the earlier work, Hörber et al. [138] excised
plasma membrane patches from Xenopus laevis oocytes and produced
different preparations that permit the imaging of both the inside and
outside of the membrane. Their experimental setup allowed them to
acquire AFM images while the membrane was clamped to the pipette.
Images from different preparations show an underlying fiber structure
(cytoskeleton) that extends from the center of the patches to the edges
of the pipette. Hörber et al. also used the AFM tip to measure the
elasticity of the membrane and obtained values comparable to those
found in the literature. Extending this combined approach, Danker et
al. [137] investigated nuclear membrane patches from the same type
of oocytes in order to characterize nuclear pore complexes (NPCs). In
this study patches of the isolated nuclear envelope were excised with
the patch pipette and their electrical properties recorded with an
electrode. Rather than imaging the patches on the pipette, the patches
were ‘blown out’ onto a mica or glass substrate and then imaged with
AFM. To their surprise, Danker et al. observed three kinds of
membrane types, that had different surface morphologies or con-
ducting properties, some of which did not contain NPCs and were
designated as endoplasmic reticulum (ER). This result challenged the
observations made by other groups inwhich similarly isolated nuclear
membrane patches were regarded as ER free [137].

Using a more dynamic setup, Mosbacher et al. [139] investigated
electromechanical coupling of voltage-clamped HEK293 cells trans-
fected with mutant non-inactivating Shaker K+ channels. In their
setup, cells were clamped to the pipette while an AFM cantilever
rested on top andmeasured themovement of themembrane (Fig. 8A).
Both transfected and untransfected cells were held at a specific
potential and an AC carrier signal drove the potential at a certain
frequency. Mosbacher et al. observed a displacement of the cell



Fig. 8. (A) Setup for voltage-clamping of live cells used by Mosbacher et al. [139]. (B) and (C) illustrate two examples of combined SECM-AFM tips. (B) Integrated Au frame
microelectrode design by Kranz et al. [149] and (C) central Au nanowire design by Burt et al. [148].
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membrane which is linearly dependent on the amplitude of the AC
carrier signal and possesses the same frequency of oscillation. In an
unexpected result they measured displacements in both the control
cells (untransfected) as well as the transfected cells. While membrane
motion of the transfected cells was affected by the holding potential,
untransfected cells were unaffected by it. This result shows that both
the channels and the membrane respond to electromechanical
changes. A mathematical model was proposed by Zhang et al. [141]
in a letter to Nature which explains these observations. The model
uses the Lippmann equation and is derived from thermodynamic
principles, so its predictions should be applicable to all membranes
[141]. Using a similar setup as Mosbacher et al., Zhang et al. confirmed
that membrane tension can be modulated by transmembrane
voltages, and the extent and direction of movement depends on cell
stiffness as well as magnitude of the potentials.

Another technique available to study the electrochemistry of
surfaces is scanning electrochemical microscopy (SECM) [142–145]. In
this scanning probe technique an ultra-microelectrode, usually of
micrometer dimensions, is used as the imaging tip. Although SECM
provides valuable information, the acquired data is convoluted by the
surface topography and reactivity, and the spatial resolution of the
technique is far lower than AFM or STM due to the size of the
microelectrode [146]. These limitations can be overcome by using a
combined SECM-AFM probe that can provide simultaneous topogra-
phy and electrical recordings. Several methods have been successfully
used for the production of these probes [147–151]. However, detailed
description of the construction and characteristics of these is beyond
the scope of this article. It is worth noting some of the key aspects of
these probes. The design by Kranz et al. [149] achieves high
topographical resolution while sacrificing electrode size, yet they
achieved a microelectrode diameter of only 800 nm (Fig. 8B). A
nanowire probe constructed by Burt et al. [148] has a larger tip size
(~400 nm in diameter) but contains a central Au nanowire ~80 nm in
diameter (Fig. 8C). Simultaneous electrochemical-topographical
images of synthetic [152,153] and biological [154] membranes have
been obtainedwith some of these SECM-AFM probes. Quist et al. [154]
have also devised a technique to nanofabricate silicon supports with
nanopores down to 50 nm in diameter, which allow electrical
recordings while providing enough support for model membranes.

Patch-clamping has proved to be an essential tool in the study of
electrochemical properties of cellular membranes and their protein
components. Rising new technologies, such as combined SECM-AFM
can take patch-clamping to a new level. Nanofabricated SECM-AFM
probes may one day be capable of recording electrical signals across
individual ion channels while providing real-time structural informa-
tion. This may be possible not only on supported membranes, but on
live cells as well. Additionally, SECM-AFM probes may be used to
monitor structural changes of membrane components during an
electrochemical change such as an action potential.

5. Conclusions

Wehave limited this review on AFM to several important processes
in model and cell membranes, some at the nanometer scale, including
bilayer formation by vesicle rupture, domain nucleation and growth,
anesthetic and protein/peptide-bilayer interactions in multicompo-
nent bilayers, and membrane electrophysiology. The selected topics
are only a fraction of the literature available on biomembranes
examined by AFM, yet these topics had not been extensively reviewed
elsewhere to the best of our knowledge. AFM has been successfully
combinedwithmany complementary techniques such as fluorescence
microscopy and QCM-D to get high-resolution data that may not be
possible to obtain using these techniques alone. An example of this
complementarity is the tracking of protein movement in a membrane,
where in order to access the fast diffusion dynamics, AFMwas needed
to be coupled to FCS. AFM is not only used to image membrane
processes, but it is also used as a unique technique to probe the
mechanical properties of bilayers as an alternative to micropipette
aspiration. Although there have been several studies about domain
nucleation and growth in multicomponent bilayers studied by AFM,
with its high-resolution, future studies will likely continue to use AFM
to enlighten the basic interactions between lipids. Finally, the last
section onmembrane electrophysiologymay serve a two-fold purpose.
First, to show how electrophysiology may benefit greatly from the
recent advances in nanotechnology as new techniques will reduce the
scale at which readings are taken and provide more selective ways of
probing electrochemical properties. Secondly, to illustrate the versa-
tility of the AFM technique and the creative approaches that
investigators have taken to improve existing instrumentation.
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